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Abstract: The endoplasmic reticulum (ER) is a multipurpose organelle comprising dynamic struc-
tural subdomains, such as ER sheets and tubules, serving to maintain protein, calcium, and lipid
homeostasis. In neurons, the single ER is compartmentalized with a careful segregation of the struc-
tural subdomains in somatic and neurite (axodendritic) regions. The distribution and arrangement of
these ER subdomains varies between different neuronal types. Mutations in ER membrane shaping
proteins and morphological changes in the ER are associated with various neurodegenerative diseases
implying significance of ER morphology in maintaining neuronal integrity. Specific neurons, such as
the highly arborized dopaminergic neurons, are prone to stress and neurodegeneration. Differences
in morphology and functionality of ER between the neurons may account for their varied sensitivity
to stress and neurodegenerative changes. In this review, we explore the neuronal ER and discuss
its distinct morphological attributes and specific functions. We hypothesize that morphological het-
erogeneity of the ER in neurons is an important factor that accounts for their selective susceptibility
to neurodegeneration.
Keywords: neuronal endoplasmic reticulum; neurodegeneration; dopaminergic neurons; endoplas-
mic reticulum subdomains; sporadic neurodegeneration
1. Neuronal ER—A Historical Perspective
The first in toto illustrations of neurons were done by the founders of modern neuro-
science and neuropathology, namely Ramón y Cajal, Camillo Golgi, and Franz Nissl [1,2].
Their detailed neuroanatomical studies on the perplexing morphologies of neurons, with
their highly arborized extensions, have become textbook examples of neuronal morphology.
Their art and illustrations were immensely accurate from what they had observed with
their microscopes, however they lacked the tools and methods to see further inside the cell.
The complex arrangement of organelles within neurons, especially those residing in their
vast extensions thus remained unrevealed. Like in all cells, the cytoplasm in neurons is
packed with organelles, and the largest organelle, the endoplasmic reticulum (ER), extends
throughout the whole cell. The continuity of the ER throughout the extensive extensions
of the neuron as a single organelle has even posited some to describe the structure as “a
neuron-within-a-neuron” [3].
Although the very first observations of most subcellular organelles by light micro-
scopes were done at the end of the 19th century, mainly during the last decade, detailed
characterization of different organelles was only made possible after the development of
Cells 2021, 10, 970. https://doi.org/10.3390/cells10050970 https://www.mdpi.com/journal/cells
Cells 2021, 10, 970 2 of 24
the electron microscope in 1932 by Ernst Ruska and Max Knoll (Figure 1) [4]. Originally
described by Emilio Veratti in 1902 as sarcoplasmic reticulum based on his modification
of Camillo Golgi’s black reaction [5], the ER was ‘rediscovered’ years later as a “lace-like
reticulum” using electron microscopy by Keith Porter, Albert Claude, and Ernest Fullam in
1945 [6]. However, it was not until 1953, a year after mitochondrion was first described with
electron micrographs, that the term “endoplasmic reticulum” followed by the common
abbreviation, ER, was introduced by Keith Porter to describe the “lace-like” structure in
the perinuclear region of the cytoplasm [6–8]. George Palade also observed that ribosomes
were attached to the ER, which led to the distinction between rough and smooth ER, now
also distinguished into sheet-like and tubular ER [9]. Even after its discovery, the 3D
structure of the ER was difficult to comprehend from the available 2D graphs. It took some
intuitive thinking by Fritiof Sjöstrand in 1953 to place the ER in the three-dimensional
context of a living cell from the two-dimensional images [10]. The contacts between ER
and mitochondria, the two major organelles, were observed in 1959 [11].
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The finding of the ER, important ultrastructural studies characterizing features of the 
ER further, and the discovery and use of various techniques that have allowed studying 
the neuronal ER in its entirety. 
Neuroanatomical studies were highly influenced by the development of the Nauta-
Gygax method in 1954 preceding the implementation of Golgi/EM techniques in the 1960s 
and other techniques, which enhanced the visualization and identification of organelles 
by filling their lumen with electron dense material, e.g., using horseradish peroxidase, in 
the 1970s [12–14]. Studies on the neuronal ER before the era of electron microscopy relied 
a lot on the still widely used Nissl stain [1]. Mammalian neuronal ultrastructure was fur-
ther characterized by Sanford Palay and George Palade in 1955 in their study “The fine 
structure of neurons”, where the relationship of the ER and Nissl bodies was carefully 
assessed [15]. Later, the axonal ER was largely described in 1976 by Shöichiro Tsukita and 
Harunori Ishikawa [16], and the continuity of the neuronal ER throughout the neuritic 
extensions by Mark Terasaki in 1994 [17]. Further on, specific neuronal type ultrastructure 
was characterized and many intriguing comparative studies, for instance on dopaminer-
gic neurons between brain areas, were done in which organellar morphology was system-
atically compared [18]. These studies have been instrumental for laying out the founda-
tion for modern diagnostic electron microscopy used in neuropathology, such as ultra-
structural comparisons of schizophrenia patient substantia nigra to controls [19,20]. The 
latest advancements in electron microscopy, such as serial sectioning, electron tomogra-
phy, and focused ion beam-scanning electron microscopy have enabled large-volume 3D 
reconstructions of neurons [21–23]. These are now widely used in connectomic studies, 
and a whole adult female Drosophila brain at synaptic resolution has been rendered by a 
custom high-throughput electron microscopy platform, effectively revealing its precise 
connectome [24]. Nevertheless, besides the connectomic efforts and some 3D reconstruc-
tion of specific neurons in naïve and stressed states, these techniques have not been used 
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The finding of the ER, important ultrastructural studies characterizing features of the
ER further, and the discovery and use of various techniques that have allowed studying
the neuronal ER in its entirety.
Neuroanatomical studies were highly influenced by the development of the Nauta-
Gygax method in 1954 preceding the implementation of Golgi/EM techniques in the 1960s
and other techniques, which enhanced the visualization and identification of organelles
by filling their lumen with electron dense material, e.g., using horseradish peroxidase,
in the 1970s [12–14]. Studies on the neuronal ER before the era of electron microscopy
relied a lot on the still widely used Nissl stain [1]. Mammalian neuronal ultrastructure
was further characterized by Sanford Palay and George Palade in 1955 in their study
“The fine structure of neurons”, where the relationship of the ER and Nissl bodies was
carefully assessed [15]. Later, the axonal ER was largely described in 1976 by Shöichiro
Tsukita and Harunori Ishikawa [16], and the continuity of the neuronal ER throughout
the neuritic extensions by Mark Terasaki in 1994 [17]. Further on, specific neuronal type
ultrastructure was characterized and many intriguing comparative studies, for instance on
dopaminergic neurons between brain areas, were done in which organellar morphology
was systematically compared [18]. These studies have been instrumental for laying out the
foundation for modern diagnostic electron microscopy used in neuropathology, such as
ultrastructural comparisons of schizophrenia patient substantia nigra to controls [19,20].
The latest advancements in electron microscopy, such as serial sectioning, electron tomog-
raphy, and focused ion beam-scanning electron microscopy have enabled large-volume
3D reconstructions of neurons [21–23]. These are now widely used in connectomic studies,
and a whole adult female Drosophila brain at synaptic resolution has been rendered by
a custom high-throughput electron microscop platform, effectively revealing its precise
connectome [24]. Neverthel ss, besides the connectomic efforts and some 3D reconstruction
f specific neurons in naïv and tressed states, these techniques have not been used to
their full extent to acquire detailed ul a tructural information of organelle morphologies
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in diseased and healthy neurons [25]. Hence, the more these techniques get incorporated
and the more data we obtain on various neuronal subtype organellar architecture, we
may possibly be able to link differences in morphologies to the diseases which will aid in
diagnostic imaging and in the discovery of new therapeutics.
In the current review, we begin by discussing the ER morphology and the factors
that contribute to shaping and maintenance of the ER architecture in general. We focus
on neuronal ER and its specific attributes, discussing the significance and implications
of heterogeneity in ER morphology that have been observed between different types
of neurons.
2. General ER Morphology in Cells
The ER is present almost everywhere in eukaryotic cells in different morphologies,
adapting itself to the varied dimensions of a cell. Some of the well-studied ER structural
subdomains are the nuclear envelope—the wide ER sheets in the perinuclear area extending
into the peripheral area, and the narrow cylindrical ER tubules (Figure 2). While the sheets
with their attached ribosomes primarily serve as sites of protein synthesis, the tubules are
generally associated with the function of lipid synthesis [9,26] with further cell type specific
roles [26]. Other morphological variants seen in the ER include: Fenestrated ER sheets—ER
cisternae having perforations with sealed edges [27], some transitional forms involved in
the secretory pathway [28], cortical ER—the ER occurring in close proximity to the plasma
membrane (PM) [29], and stacked ER sheets with each level connected by helical ramps [30].
Recently, another type of ER subdomain, the ribosome associated vesicles (RAV) of ER were
identified as a common entity in multiple cell types [31]. These different ER subdomains
may show additional morphological variations with specialized functions, such as the
hypolemmal system in neurons [23,32]. Apart from a dedicated set of integral membrane
proteins to shape and maintain them, the different morphological subdomains of the ER
are equipped to cater to different functional requirements of the cell. The most intriguing
part is that these different structural forms still maintain a physical continuity, thereby
rendering ER the largest organelle in a eukaryotic cell [3,17]. The complex structure of the
ER is also highly dynamic and changes according to the cell’s requirements. What regulates
the changes is still not fully understood, but the ER network is constantly rearranging and
redistributing, aided by multiple factors [33–35] and has even been found to be sensitive to
mechanical stimuli [36].
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3. Mechanisms Shaping the ER and ER Contact Sites in General 
Factors contributing to generation and maintenance of ER framework include: (i) 
Membrane bending proteins and intraluminal tethering proteins, (ii) Proteins mediating 
i r . ill tr ti f t r f s eets and tubules. et ork polygons and branch points
(called three way junctions), ribosomes, polysomes, and fenestrations on sheets are indicated.
3. Mechanisms Shaping the ER and ER Contact Sites in General
Factors contributing to generation and maintenance of ER framework include: (i)
Membrane bending proteins and in raluminal tethering pr teins, (ii) Proteins mediating
homotypic ER fusion, and (iii) Cytoskeleton nd motor proteins. Ribosomes or polysome
attachment also contributes to stabilization of ER sheet architecture [27,37,38].
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3.1. Role of ER Associated Proteins in Organelle Shaping
The earliest studies on ER shaping proteins were on the reticulons and their interacting
partner DP1/Yop1p [39,40]. Eventually, other proteins like Receptor expression enhancing
proteins (REEP), Atlastins and Spastins were identified as having a role in ER shaping too.
Hitherto, several integral membrane proteins have been found to function in generating and
maintaining different structural subdomains of the ER. Of these, the curvature inducing
proteins exhibit a typical wedge-shaped embedding within the ER membrane. These
proteins have been found to localize exclusively to ER tubules and the curved edges of the
ER sheets. The creation and maintenance of sheet morphology requires factors working in
a direction opposite to those required for tubule formation, stabilization of flat membrane,
and maintaining constant sheet thickness. Both sheet and tubule promoting factors are
regulated and work in concert to ensure an optimal shape to the ER where required. For
example, the presence of membrane bending proteins like reticulons and REEPs at sheet
edges are important to render the necessary curvature to ER sheets that are formed by
sheet promoters such as CLIMP63 [38,41,42]. Reticulons are a ubiquitous and highly
conserved family of integral membrane proteins. There are four reticulon genes, RTN1,
RTN2, RTN3, and RTN4/NOGO known in mammals. Immunofluorescence and immuno-
electron microscopy indicate the localization of reticulon proteins exclusively to ER tubules
and curved edges of ER sheets [40,41]. All reticulon proteins have a conserved region called
the reticulon homology domain (RHD) at their carboxy terminal. The RHD consists of two
hydrophobic transmembrane (TM) regions, each of about 30–35 aa flanking a hydrophilic
loop of about 66 aa (Nogo-66) length followed by a short tail region [35,43,44]. Experiments
with RTN4C mutants have revealed that at least one of the TM domains adopts a hairpin
shape [40]. These hairpin TM domains were found to be unusually short sized occupying
more space in the outer membrane compared to the inner membrane (wedge shape) of
the ER bilayer, thereby pushing the lipids sideways causing the membrane to bend [35,45].
This wedge-shaped insertion is complemented by formation of immobile oligomers by
reticulons leading to formation of the stable curvature that is typical of ER tubules and
sheet edges [35,39]. Overexpression of certain reticulon isoforms induces formation of
tubular ER in mammalian and yeast cells, even disrupting the peripheral ER sheets in some
cell types [40,41]. Depletion of reticulons led to derangement of peripheral tubular ER
and formation of large peripheral ER sheets [39–41]. Autophagy has been widely studied
in neurons and controlled recycling of various organelles, the ER included, is crucial for
neuronal health and function. RTN3 and RTN-1C are involved in the turnover of the ER
due to its selective autophagy, also called ER phagy [46–48]. Reticulons have also been
recently shown to be able to constrict ER tubules which results in fragmentation of the ER,
important for ER phagy [49].
REEPs are a family of six membrane bound proteins (REEP1–6) in mammals, which
were first identified for their surface expression enhancing functions of selective olfactory
receptors [50]. Members of the REEP family work with the reticulons to shape the ER
membrane into curved tubules and edges [39,40]. The six REEPs have been divided into
two subfamilies, REEP1–4 and REEP5/6 based on sequence similarities [51]. Like the
reticulons, all REEPs also harbor the conserved RHD and the transmembrane hairpin in
their structure but differ in their topologies indicating possible differences in their ER
shaping functions [33,52–54] and possibly their localization [55,56]. REEP5, also known as
DP1/Yop1p (Deleted in Polyposis1 or its yeast homolog Yop1) interacts with reticulons
to form and stabilize ER membrane curvature by ‘wedging’ and oligomer formation [39].
REEP3/4 have been shown to be critical for ER tubulation during mitosis [52] apart from
their role in ER clearing from metaphase chromatin [54]. REEP1 and REEP2 evidently
are expressed specifically in neuronal or neuronal-like exocytotic tissue [57], and REEP1
interacts with Atlastin-1 and spastin proteins to form the ER network by both shaping ER
tubules and mediating ER-microtubule (MT) interaction [51].
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Atlastins constitute a family of dynamin related GTPases with structural similarity
with mitofusins, another family of large GTPases. They have been reported to localize
mainly on the ER membrane [58,59]. They mediate homotypic fusions of the ER membrane
by forming three-way junctions and building the typical peripheral ER network [33,60–63].
They are, thus, significant for maintaining ER dynamics. There are three atlastin paralogs in
mammals (ATL1, ATL2, and ATL3). Of these, ATL1, also known as the Hereditary Spastic
Paraplegia (HSP) 3A (SPG3A) protein is abundantly expressed in cerebral cortex of brain
and shows a general distribution in ER, while ATL2 and ATL3 mainly localize at three-way
junctions [64]. The following mechanism of atlastin-mediated ER fusion has been proposed
based on structure-function studies of Atlastin in Drosophila: Atlastins in two opposing
membranes dimerize via their GTPases, which are bound to GDP [61–63]. The energy
of hydrolysis post-GDP exchange powers conformational change in the atlastins. This
increases the proximity between the two membranes, leading them to fuse as a result of
membrane destabilization and curvature [33,62]. Atlastin1 has been shown to be a primary
binding partner of Spastin, also known as SPG4, an ATPase [58,65], and along with the ER
membrane resident REEP1, they mediate ER-MT interaction [51].
Spastin, encoded by SPG4 or SPAST gene is a AAA ATPase (ATPase Associated with
various Activities). Studies with HSP-associated mutations in the SPG4 gene indicated
Spastin’s role in regulation of MT dynamics via MT-severing [65–69]. Usage of alternative
translation initiation sites can generate two isoforms of Spastin—a M1 isoform of 68 kDa
or a 60 kDa M87 isoform [58,70]. Of these, the M1 Spastin, an integral membrane protein,
harbors a hydrophobic domain that mediates its interaction with Atlastin-1 and REEP1.
M1 expression is generally high in neurons in the brain, especially in spinal cord [70–73],
and it has been found to localize to ER [53]. Apart from the wide range of cellular activities
associated with AAA protein, an important function of Spastin is regulation of MT severing
associated with formation, elongation, and maintenance of axons [65,74–76].
Cytoskeleton linking membrane protein, CLIMP63 (p63) is a 63 kDa membrane protein
that mainly localizes at ER sheets. It acts as an intraluminal tether that holds the two
ER membranes at a constant distance of ~30 nm in yeast and ~50 nm in mammalian
cells [35,77–79]. CLIMP63 has a TM domain, an extended coiled coil domain and an N-
terminal cytoplasmic segment. The sheet localization of the protein is possibly regulated
by the luminal coiled-coil domain which also mediates oligomerization of CLIMP63. These
oligomers possibly span across and determine the width of the luminal spacing of the
sheets [35,77]. While CLIMP63 overexpression has been seen to cause a conspicuous
increase in the number of ER sheets, its depletion reduces the width of ER sheet lumen to
25–30 nm without any significant effect on the ER sheet to tubule ratio [38]. It is important to
emphasize the significance of combinatorial action of tubule inducing and sheet promoting
proteins in maintaining the apt ratio of the two subdomains. Yeast deletion mutants
of Rtn1 and Yop1 showed a massive expansion of sheets due to absence of curvature
at the sheet edges [35,80]. Recently, using STED microscopy, CLIMP63 and reticulon
4A were shown to regulate the segregation of membrane-associated ER proteins from
lumenal nanodomains along the peripheral ER tubules in human malignant epithelial and
connective tissue cells [81].
True to its name, CLIMP63 mediates ER-MT interaction through its cytosolic do-
main [81–83]. In cultured hippocampal neurons, it has been shown to interact with MTs
via MAP2 mediation in dendrites, hinting at a role in the variable distribution of ribosome-
bound ER sheets between different regions of neurons [84]. While this implied a preferential
assortment of ER sheets in dendrites, CLIMP63 knockdown resulted in an increase in ER
tubules in axons, suggesting a role of CLIMP63 mediated ER-microtubule contacts in
axonal distribution of ER tubules [85,86].
Several other proteins have been identified for their role in ER shaping and dynamics
apart from those mentioned above. A few of these are Lunapark, p180, Kinectin [87],
the RabGTPases, Rab10 and Rab18, FAM134B/RETREG1 [88], and Ataxin2 [89,90]. Luna-
park (Lnp1) localizes to three-way junctions in the ER and stabilizes the junctions [91,92].
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Rab10 has been shown to regulate ER dynamics with its role in ER tubule formation and
fusion [93]. Disruption of Rab18 (activated by Rab3GAP complex for ER recruitment)
functions disturbed the ER networks and altered the distribution of ER sheets [93,94]. It is
important to consider here that even though functions of different proteins culminate in a
similar ER morphology, for example, generation or fusion of ER tubules, or formation of
ER sheets, the mechanism of action of these proteins might differ significantly from each
other [35]. Initially identified as a ribosome receptor on the ER, p180 has been implicated
in ER–MT interaction that regulates ER distribution [95,96]. In neurons, p180 has been
shown to mediate MT stabilization and thus regulated ER distribution associated with
axonal specification [85].
3.2. Sheet Stabilization by Ribosomes
Analysis of thin-section TEM images of different cell types show that intact sheets
have the highest density of bound ribosomes compared to that on fenestrated sheets,
which is more than the ribosome density on tubular membranes [27]. The localization of
ribosomes and ribosome clusters also possibly affect the ER shape and dynamics. ER sheets
were found to be disrupted upon release of the ER bound ribosomes upon treatment with
puromycin, a potent translation inhibitor that targets the ribosomes [37]. Polyribosomes are
also important for segregation of sheet-enriching proteins into ER-sheet cisternae [38]. It is
also known that proteasomes compete for binding of the ER membrane with ribosomes [97].
This is mediated primarily by both, ribosomes and proteasomes, binding the Sec61 channel
of the protein translocation machinery.
3.3. Role of Cytoskeleton in ER Dynamics
The cytoskeleton has an indispensable role in organization, distribution, and dynamics
of the ER tubular network in cells in vivo [98,99]. MTs interact with ER to form new ER
tubules and support ER dynamics, especially the peripheral tubular network [35,99,100].
Depolymerization of MTs result in loss of ER tubules, culminating in the ‘drawing in’ of the
peripheral ER into perinuclear sheets [39,99] and increases ER sheet to tubule ratio [101].
ER–MT interaction can be in the form of (i) sliding, (ii) via a tip attachment complex
(TAC), or (iii) through ring rearrangements. Sliding is a motor-driven movement of ER
along MTs [102–105] and occurs preferentially over acetylated MTs [106]. Movement by
TAC involves attachment of a tip of an ER tubule to the plus end of a MT and the ER tubule
grows and shrinks along with the attached MT [104]. The TAC system includes a MT plus
end-binding protein EB1, which connects with stroma interacting molecule 1 (STIM1), an
integral ER membrane protein to mediate this movement [105,107,108]. Ring arrangements
involve MT-dependent movement of ring structures of ER tubules. The rings are comprised
of two three-way junctions. One of these is seemingly immobile, attached to the reticular
ER network, while the second junction is dynamic and slides along the reticular ER towards
the relatively fixed junction, sometimes resulting in ring closure [35,109]. These ER rings
have important implications in ER contacts with mitochondria and endosomes. They are
positioned around mitochondria or endosomes and generally result in fission of these
organelles at the site of enclosure [35,110–112].
An opposite effect from MT depolymerization is however seen by actin depolymer-
ization using the drug Latrunculin A, which showed a decreased sheet-to-tubule ratio,
culminating in a more reticular network in a human hepatic cell line [101]. Dynamic
actin arrays are controlled by Myosin 1c, and function in stabilizing ER sheets by keeping
them immobile.
3.4. ER Contacts
The ER membrane has extensive regions of close appositions with multiple organelles
forming heterotypic contact sites [113,114]. These sites provide an alternate means for
faster inter-organelle contacts in cells, with a maximum distance of usually about 30 nm
between the interacting organelles that are close enough, but not fusing [23,114–116].
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A wide variety of functions have been attributed to ER contact sites including lipid ex-
change, Ca2+ signaling [23,35,86,117,118], autophagy regulation [119], and regulation of
glucose homeostasis [120].
ER-mitochondria contacts (Mitochondria-ER contacts, MERC) or more commonly
known Mitochondria associated membranes (MAM) were one of the earliest observed
among ER contacts [121,122]. Many membrane proteins have been found to mediate or
regulate the structure and function of ER-mitochondria contact sites [123]. Apart from
the varied functions attributed to MAMs, such as an import of phospahtidylserine from
the ER to mitochondria and regulation of calcium homeostasis, autophagy, and apoptosis,
a recent study reports the presence of a microRNA profile specific to these contacts in
human and rat brains with a change in this profile downstream of traumatic injury and
cellular stress [124].
Lipid droplets (LD) serve as cellular storehouse for neutral lipids. Structurally,
they consist of a hydrophobic core of these lipids surrounded by a phospholipid mono-
layer [86,125,126]. The lipids are synthesized within ER and in mammals, the LDs either
bud off or remain in contact with the ER [127,128]. These contacts are mainly mediated by
tubular ER [129,130] with studies implicating a role of membrane curvature in catalyzing
LD assembly [131]. Seipin [131–133], Snx14 [134], DFCP1 [135], and Rab18 [136] are a few
of the proteins associated with initiation and regulation of ER-LD contacts [86]. These are
also highly expressed in brain [137–140]. ER-LD contacts have been shown to be highly
stable [132] and, recently, tripartite contacts between ER, LDs, and early endosomes have
been reported [141] in cultured mammalian cells.
ER-PM contacts are a ubiquitous entity seen in most cells including neurons [142].
Broadly referred to as ‘Cortical ER’, they are an abundant and characteristic subdomain
of the yeast ER [142,143]. The cortical ER morphology is intermediate between that of
sheets and tubules, characterized by regions of highly fenestrated sheets and regions of
high curvature [35]. The close appositions between ER and PM had been noted and even
speculated about long back [144,145], but the actual functions of these dynamic interactions
could only be studied much later. The functions of such close ER-PM appositions include
metabolic regulation and even cell migration [146].
4. ER Morphology in Neurons with a Focus on Mature Neurons
The basic structure of a neuron is understood to comprise the neuronal cell body or
soma and its two types of specialized extensions or neurites, the axon and dendrites with
variations, such as in cell size, shape, and number of branches seen between neurons in
different regions of the brain [147]. The morphology of any organelle can be understood
to a great extent by looking at the shape and general condition of the cell that harbors it.
Evidently, the organelle architecture has to: (i) comply with the spatial restrictions of the
cell, (ii) facilitate optimal functioning of the organelle, and (iii) render flexibility to the
organelle to expand its function as the situation demands. The neuronal ER is an excellent
example of such a well-adapted adept organelle that is found distributed throughout
this polarized cell, from the widest of regions in the cell body to its narrowest tubular
axonal projections of constant width and in its profusely branched dendrites with tapering
ends. The highly crowded cytoplasm of neurons exhibits some of the most specialized and
dynamic structural arrangements of the ER (Figure 3).
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transmission electron micrographs from various areas from a cultured primary midbrain dopa-
minergic neuron from postnatal mice expressing GFP under the TH promoter. The ER is visible in 
all compartments of the neuron. Note the differences in the ER sheets and tubules in the soma-
todendritic areas compared to various areas of the axon. For interactive image, go to 
https://www.mv.helsinki.fi/home/ibelev/temp/neuron/ (Accessed 23.4.2021) eMagnification bar, 
200 nm. 
4.1. ER in Neuronal Soma 
Figure 3. Neuronal ER comes with different shapes and interaction partners throughout the cell.
(A) A schematic drawing of a neuron comprising soma, axon and dendrites. Numbered boxes
in the drawing denote area, where the corresponding micrograph in (B) is taken. (B) Thin sec-
tion transmission electron micrographs from various areas from a cultured primary midbrain
dopaminergic neuron from postnatal mice expressing GFP under the TH promoter. The ER is
visible in all compartments of the neuron. Note the differences in the ER sheets and tubules in
the somatodendritic areas compared to various areas of the axon. For interactive image, go to
https://www.helsinki.fi/en/researchgroups/organelle-structure/research#section-106929 (accessed
on 19 April 2021) eMagnification bar, 200 nm.
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4.1. ER in Neuronal Soma
ER in the neuronal cell body or soma appears as an interwoven, fused network of
cisternae and tubules spread throughout the cytoplasm. Ribosome-studded ER sheets are
predominant in the neuronal cell body [23,41,148] and these sheets are arranged roughly
parallel to each other [148]. While the ER in periphery are seen as mostly sheets, the ER near
the Golgi in the pericentriolar region are more tubular [41]. The highly packed arrangement
of ER sheets in the soma (i) provides extensive area for ribosome attachment to facilitate
protein synthesis, and (ii) offers a compact arrangement for the central protein synthetic
machinery, which is possibly an adaptation to the available cytoplasmic volume of the cell
body which is usually minimal compared to that of the neurites in total.
The ER in soma and proximal dendritic regions were first referred to as Nissl bodies
(or tigroids) when observed under light microscope by Franz Alexander Nissl as basophilic
granular masses in the neuroplasm [1,15]. The Nissl bodies, also referred to as Nissl
substance, were observed to consist of stacks of ER sheets with rosettes of polysomes,
which are either in close contact with the ER membrane or scattered in the intervening
matrix between these stacks [15,149]. Electron microscopic examinations in different types
of neurons have shown that ER profiles in the Nissl body consists of tubules, cisternae with
occasional fenestrations, and vesicles weaved into an interconnected complex network.
The 3D-EM studies have shown that at the periphery of these aggregates, the ER is mostly
plate-like cisternae [150]. The adjacent rows of reticular sheets in these stacks are fused, and
despite their curves and bends, they are maintained parallel to each other. At the center,
the ER network is more complex with ‘ribbon’ and ‘thread’ like cisternae. Distribution of
the Nissl bodies has been found to vary in its size, quantity, form, and degree of orientation
of the ER in different types of neurons [15,151]. For example, the Nissl bodies in neurons
of the sympathetic ganglion are usually smaller than those in the dorsal root ganglion cells
and the motor neurons [15]. The ER display different types of orientation, exhibiting a
highly layered arrangement or a randomly oriented reticula within a cell itself depending
on its metabolic state or functional specialization [150].
The ER sheets with the associated polysomes serve as major sites of neuronal protein
synthesis. Chromatolysis, the fission or fragmentation of the Nissl substance, including
the ER sheets and the ribosomes, implies a disruption in the protein machinery along with
other changes in the cell. It is a major event in neurons with axonal injury with the extent
of chromatolysis being linked to severity of the neuron injury [152]. Identified mostly as a
precursor of apoptosis, chromatolysis is also seen in neurons because of demyelination,
cell toxicity, and infections [153]. It is seen in the motor neurons in Amyotrophic lateral
sclerosis (ALS) patients [154], possibly as a culmination of aberrations in ER morphology
starting with enlargement of the Nissl substance in early stages of sporadic ALS [155].
Another characteristic feature of the ER in neuronal soma is the extensive contacts
between ER and the PM, mediated predominantly by large cisternae. These cortical ER or
subsurface cisternae referring to the ER cisternae closely apposed with PM cover over 10%
of the PM in cell body [23], but decrease reversibly following excitation [156]. The lumen
of these PM-associated ER cisternae were found to be quite variable, ranging from 25nm to
even narrower dimensions between the binding cisternal membranes, as seen at maximum
possible FIB-SEM resolution [23]. An interesting feature observed by Wu et al. was the
apposition of these thin ER with wide ER cisternae on the opposite side of the PM or their
alignment with similar ‘thin’ ER in adjacent neurons.
4.2. ER in Axons
The distribution of ER subdomains between the somatodendritic and axonal regions
perhaps exemplifies one of the finest segregation processes one can encounter in a cell.
While the soma and dendrites abound in ribosome studded ER sheets, these large struc-
tures are mostly kept away from the narrow confinements of the axons. Ultrastructural
studies have shown that the axon hillock is mostly devoid of ribosome studded ER though
ribosomes are found scattered in this region [157,158]. Stacked ER sheets are found in the
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axon initial segments of some CNS neurons, such as the dentate granule cells and cortical
principal cells [3,159,160]. Axonal ER is predominantly tubular, running parallel along the
axonal length with intermittent small cisternae such as in the synaptic varicosities [23].
The larger axons have a network of interconnected tubules while a single axonal tubule
is found in the thinner parts of the axon [23,161–163]. The ER tubules show extensive
branching in the synaptic varicosities in the distal axon [23]. Using Automated Tape Col-
lecting Ultramicrotomy (ATUM), a small but distinct population of very narrow ER tubules
ranging between 20 and 30 nm in width were found in both central and peripheral system
neurons [164]. These narrow tubules are particularly abundant in the axons, maintaining
the ER density relatively constant along the axon length [23,163,164]. Regions of such
‘narrow constriction’ could have functional implications in the efficiency of transport of
substances along the length of the tubule.
ER in the axons nonetheless makes contact with several membrane bound organelles.
The tubular ER network is found to surround other organelles including mitochondria,
synaptic vesicles, and other organelles at the nerve terminals [23]. Experiments with
the fluorescent dye DiOC6 to study ER in growth cones of cultured neurons indicated
the presence of highly dynamic tubular or tubulovesicular ER elements in close parallel
alignment with the microtubules in periphery. This ER-MT association possibly contributes
to transport of other organelles in the growth cone that culminates in axon elongation. The
axon growth cones contain some dynamic network of ER tubules that move parallelly to
the microtubule bundles during extension [165].
4.3. ER in Dendrites
Stemming from the Greek word ‘dendron’ meaning ‘tree’, the aptly named dendrites
are highly branched post synaptic protoplasmic extensions of the neurons that connect and
communicate with other neurons. Most of the neurons bear multiple dendritic projections
and these have a distinct structural and biochemical identity. Formed after the development
of an axon [166,167], the dendrites harbor their own distinct set of organelles and protein
content. Compared to the axons, their shafts become thinner as their distance from the
cell body increases [168]. While the axonal ER astonishes with its distinct narrow and
tubular morphology that is in perfect sync with the structural and functional demands
of the, at times, extremely long unwinding axons, the dendritic ER confounds with its
complex arrangements that serve in ensuring a well-sorted dendritic cargo at the highly
arborized dendritic extremities.
ER in the proximal somatodendritic regions is mostly ribosome-rich while the distal
dendritic regions mostly contain ribosome free tubular ER with occasional cisternae [23].
In general, along the dendrite length, the ER presents an uneven terrain of tubules with
distinct microdomains [169].
Dendritic spines are neuronal protrusions from the dendrites that serve as post
synaptic sites of more than 90% of excitatory glutamatergic synapses in the mammalian
brain [170]. Originally described by Cajal in 1888, dendritic spines have garnered much
attention recently as they have been implicated in learning and memory owing to their
structural plasticity [171]. Morphological changes are seen in dendrites and dendritic
spines in hippocampus post traumatic brain injury and treatments [172]. The area occupied
by dendritic ER corresponds to the number of spines or synapses in the particular dendritic
segment [169]. Larger spines have the ER network reaching into their head region while
the smaller ones have ER only until their neck, connected in both cases by a single tubule
with rest of the ER network [23].
The spine apparatus found in mature dendritic spines of cortical and hippocampal
neurons in the CNS [173] was first described by Gray in 1959 and initially suggested as
a calcium sequestering organelle in the dendritic spines by Fifková [174,175]. It consists
of stacks of ribosome free ER separated by dense-staining bars containing synaptopodin
protein [176,177]. The spine apparatus is continuous with the ribosome free ER tubules
of the dendritic trunk [178]. Serial electron microscopy and subsequent 3D analysis have
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shown that the spine apparatus is present in > 80% of the large spines in adult rat hip-
pocampal neurons [179]. Regulation of calcium, synthesis of proteins, and posttranslational
modification of proteins are some of the functions associated with the spine apparatus [177].
The spine apparatus is highly dynamic, as seen during activation of NMDA receptors
in the hippocampal neurons, which causes functionally significant changes in the spine
morphology and volume [180,181].
The ER near dendritic spines and branchpoints is another example of how organelle
architecture is modulated to exert specific functions. In dendrites, the ER is spread as
a dynamic network of anastomosing tubules extending to several hundreds of microns
in the dendritic branches and spines [17,182]. Modulated through CLIMP63 phospho-
rylation, this complex ER architecture works together with the complicated dendritic
geometry to act as a mesh that influences cargo mobility, local membrane composition, and
dendritic branching [183].
Recently identified RAVs, the novel ER subdomain seen in different cell types, in-
cluding primary cortical neurons and developing primary hippocampal neurons [31],
were found to be ER derived, mobile vesicles associated with 80S mammalian ribosomes
and connected to the main ER network through thin tubules or three-way junctions. In
neurons, they were found in the cell periphery in dendrites. These translationally ac-
tive ER structures are postulated to participate in local protein synthesis as part of the
activity-dependent plasticity and modulation at the synapse [31,184,185]. Interestingly,
these structures were not seen in the axons.
4.4. ER Contacts in Neurons
Though reported earlier, the first detailed account on structure and proposed functions
of ER-PM contacts in neurons came from Rosenbluth [186] who called them ‘subsurface
cisterns’ (SSC) because of their location and morphology. SSCs are membrane bound,
mainly ribosome free flat structures found in proximity with the PM, and without any
other organelles or ribosomes in the intervening space between them. The lumen of SSC is
extremely narrow except at the swollen edges where its two surfaces are connected with
each other, and where ribosomes are also seen attached to the membranes. The regions
of such narrow lumen appear almost as regions of ER with non-existent lumen [23,187].
Barring the area between ER and PM, mitochondria and stacks of ER sheets are found
in the vicinity of these contact sites. SSCs are connected to the rest of the ribosome
studded ER in the cell and occur in all cells but were found to be particularly abundant in
neurons. Interestingly, apart from the basic common features, the SSCs reportedly have
some neuron type specific differences in their location. In spinal cord neurons, they were
found to underlie synaptic boutons covering variable lengths of the boutons beneath the
PM. The cholinergic C boutons connecting with spinal motor neurons are anatomically
characterized by the presence of SSCs. The cisterns are associated with calcium homeostasis
in the region and changes in the C bouton system, including its size, have been linked to
motor neuron diseases such as ALS [188–190]. The Purkinje cell has an elaborate system
of well-developed hypolemmal cisterna. SSC is considered as a part of the hypolemmal
cisternae which encompasses the extensive network of ribosome devoid cisterna lying
parallel to the PM at a distance of about 600nm below it [187]. As studies across different
neuronal types indicate, ER-PM interactions are most abundant in cell soma and proximal
regions of dendrites compared to those in the neurites [23,142]. Both tethering proteins and
the proteins concerned with functions of these interactions are present at the contact sites.
How differences and changes in ER morphology at these ER-PM contact sites in different
neurons underlie degenerative changes need to be studied further.
In neurons, MAMs or MERCs are the most abundant among ER contacts. The ER
is mainly ribosome free and tubular at these sites [23,191]. Thus, the most common
aberrations in ER observed at ER-mitochondria contact sites are due to defects in tubule
shaping proteins or factors. Some of the ER-mitochondrial tethering proteins are Mfn2,
VAPB-PTPI51, and PDZ58 [86,123]. ER-MAM in neurons facilitate several processes like
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mitochondrial fission [110], calcium signaling, regulation of autophagy [192], neuronal
homeostasis [193], and have also been speculated to contribute to neurotransmission [194].
MERCs have been seen to be altered in various neurodegenerative conditions [195] includ-
ing Alzheimer’s disease [196].
The preferential movement of ER over acetylated MTs is interestingly of significance
for establishment of polarity during early development in neurons in vitro. While the
mature neurons have a widespread distribution of acetylated microtubules, the preferential
localization of acetylated MTs to future axon projections also seem to lay the way for
subsequent movement of ER tubules to axons [85,197]. The actin cytoskeleton also regu-
lates ER organization, dynamics, and function [101,198], as seen in the case of the motor
protein, Myosin-Va (Myosin5A), which has been shown to deliver ER as cargo into the
spines in Purkinje neurons along actin filaments thereby aiding in the formation of spine
apparatus [199]. Spine apparatus in dendrites are integral to synaptic plasticity, implying a
requirement for transport of ER into the spines.
In neurons, LDs have been found under stressed conditions such as hypoxia, star-
vation, increased reactive oxygen species (ROS), or due to defects in lipid production
machinery [200–202]. Apart from this, LDs have been readily visualized in glial cells
in both central and peripheral systems [200,202]. Studies have shown that the astrocyte
glial cells serve to defend the overstimulated or stressed neuron from impending fatty
acid toxicity [203]. Under normal conditions, neurons are not efficient energy-storing
cells and lack the lipid reserves found in other cell types, including glial cells. Periods
of continuous stimulation triggers toxic responses culminating in build-up of fatty acids.
This has been seen to induce LD formation in surrounding astrocytes to (i) take up the
lipoprotein-FA lipoprotein secreted by the overstimulated neurons, and (ii) metabolize
their LD reserves [200,202–204]. Nonetheless, there have been reports on LDs in Drosophila
axons, rodent cortical neurons, and cortical neuron cultures [86]. Defects in lipid metabo-
lizing and formation machinery, including Seipin have been implicated in motor neuron
degenerative diseases [205–207]. Apart from these, mutations in the ER shaping proteins,
Reep1, Atlastin 1 and Spastin [208–210] have been seen to cause defects in LD formation
from ER. This could imply a disrupted ER-LD contact underlying degenerative diseases
such as HSPs [86]. More studies on ER-LD in neurons need to be done to understand
ER-LD interactions in other disorders including Parkinson’s Disease, in which differential
expression of the tethering protein Seipin has been reported [211,212].
5. ER Heterogeneity between Neuronal Phenotypes
The folding demand and quantity of protein synthesis is drastically different in dif-
ferent cells in the human body. For example, in pancreatic β-cell granules insulin concen-
trations are very high, at about 40 mM [213,214]. In neuronal tissues none of the secreted
proteins reach these concentrations. Neurons do not have such a high quantity demand for
any protein to be synthesized and secreted. Neurons can be up to 1 m in length, and they
can have thousands of synapses, and a single neuron can have a huge number of proteins.
Therefore, protein folding quality demand is high to produce various kind of proteins
such as, e.g., cytoskeleton proteins and complex PM receptors [215]. Indeed, neurons are
extensively classified based on differences in their structure and function. Differences in
different neuronal phenotypes are also observed in architecture and distribution of the
protein synthetic machinery, the ER, and ribosomes. There are important basic questions
for future studies that need to be answered. How do the structural variations translate to
functional differences? Does a specific type of ER arrangement make a specific neuronal
phenotype more susceptible to degeneration?
Some studies have already been conducted. Apart from the above-mentioned varia-
tions in ER organization in different neuronal phenotypes, comparative electron microscopy
study of dopaminergic and non-dopaminergic neurons in the substantia nigra showed a
relatively dense distribution of stacked ribosome studded ER and abundant free ribosomes
in the dopamine neurons. The non-dopamine neurons appeared lighter with a lesser
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amount of ‘rough’ ER or free ribosomes clustering together [18]. Could this be related to
substantia nigra dopaminergic neurons being more vulnerable to neurodegeneration?
Although the general composition of the ER is quite well known, little is known
about differences in most ER proteins and lipids between cell types, and particularly
between neuronal phenotypes and subpopulations. As quantitative methods are becoming
more sensitive, large-scale single-cell proteomics and lipidomics will be paramount for
uncovering all main components of the ER and their ratios [216]. Comparative studies
will yield insights into the structural and functional differences of the ER of neuron and
glial cell subtypes which may contribute to our understanding of cellular vulnerability
in neurodegenerative disease. Rodent primary neurons and induced pluripotent stem
cell-derived neurons will be a good starting point, as the isolation of neurons with all of its
axons and dendrites from brain tissue is very challenging.
6. ER Morphology and Neurodegeneration
Disruption of the ER function and chronic ER stress are suggested to underlie pro-
gression of many human diseases. In neurodegeneration, many of the disease associated
alterations in the neuronal proteostasis can be due to changes in the ER and dysfunction
in Ca2+ homeostasis. Neurodegenerative diseases are often also referred to as protein
misfolding disorders due to the common pathology of accumulation of misfolded proteins.
Nevertheless, aging has been associated with an increase in the accumulation of misfolded
proteins in the ER lumen due to the reduction in the buffering capacity of the proteostasis
mechanisms [217]. Decreased protein folding capacity in aging can increase the risk of
neurodegeneration. There are studies that suggest that aggregates of alpha-synuclein
co-localize with ER luminal proteins, e.g., GRP78 [218,219], however more studies are
needed in a physiologically relevant manner to conclude whether normally cytosolic pro-
tein aggregates accumulate into the ER lumen. The accumulation of the misfolded proteins
leads to generation of ER stress and activation of the unfolded protein response (UPR),
which has been linked to the pathophysiology of protein misfolding disorders [220]. ER
stress leads to expansion of the ER membrane to withstand the accumulation of proteins.
Cellular stress and pathological conditions may also cause ER phagy related ER whorls
or tubular ER aggregation, independent of ER stress [221–223]. Other morphological
changes of the ER have also been reported in response to various stressors causing neu-
rodegeneration. There are multiple studies linking altered ER structure to Alzheimer’s
disease, amyotrophic lateral sclerosis (ALS), Huntington’s disease, Parkinson’s disease,
and HSPs [191]. As examples, dysfunctional tubular ER has been observed in Alzheimer’s
disease [224], enlargement of the ER in Huntington’s disease [225] and an ER-mitochondria
tethering protein, which also regulates tubular ER morphogenesis and dynamics is linked
to both ALS and Parkinson’s disease [226,227]. HSPs, as previously mentioned, are caused
by mutations in proteins which directly regulate ER morphology. In fact, there seems to be
a multitude of associations between proteins regulating ER morphology, ER calcium and
MERCs in many neurodegenerative diseases, particularly HSPs and Parkinson’s disease,
which are discussed further. Nonetheless, there is an unmet need to study the relationship
of ER morphology to neurodegeneration in more detail.
6.1. Hereditary Spastic Paraplegias
HSPs is a large group of inherited diseases that are generally characterized by the
degeneration of the longer upper motor neurons leading to lower limb weakness and
spasticity [228,229]. HSP is a highly genetically heterogeneous disease, but a majority
of the cases are caused by mutations in proteins that take part in the organization and
generation of tubular ER [86,230]. For example, mutations in the ER-shaping proteins
REEP1, Reticulon 2 (RTN2), spastin, and Atlastin 1 (ATL1) lead to different HSP subtypes.
The most common mutations in HSP are in spastin (SPG), atlastin-1 (ATL-1), and REEP1.
Mutations in the SPG4 gene that causes a defect in the ATPase activity leads to aberrations
in microtubule arrangement and affects ER-MT interaction culminating in alterations in ER
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distribution [51]. Some of the ER-shaping proteins can be found on MAMs and so mutations
in them affect the formation and function of the contact sites [55]. In all, the mutation
landscape that on a large scale is linked to defects in the function and development of ER
indicates ER having a central role in the HSP pathology.
Mutation of atlastin-1 (ATL1) protein leads to SPG3A, which is the second most
common subtype of HSP. Studies done on Drosophila motor neurons have showed that
mutations and abnormal expression of Atlastin leads to dysfunction of the release and
storage of synaptic vesicle and change in the morphology of axonal ER networks [231,232].
In knock out models of REEP1, the motor neurons had a reduced complexity and organiza-
tion of ER [233]. REEP1 has also been detected at the MAMs, which may indicate that its
mutation might also affect the Ca2+ and lipid exchange between ER and mitochondria [55].
6.2. Parkinson’s Disease
Parkinson’s disease is a chronic progressive neuron disease, and the second most
common neurodegenerative disease. It is a heterogeneous disorder with widespread
pathology, and both ER and the mitochondria have been linked to the pathogenesis [234].
UPR activation markers have shown to be increased in neurons of Parkinson’s disease
patients [235]. The markers were colonized with diffuse alpha-synuclein staining, which
are aggregated and found in Lewy bodies and neurites in Parkinson’s disease. Lewy
body pathology is common in Parkinson’s disease and parts of the ER, or omegasomes,
have been found in Lewy bodies [236]. Parkinson’s disease can be modeled by toxins and
genetic models [237], and UPR has also been shown to be activated in cellular models of
Parkinson’s disease [218,219,238]. These findings can suggest that UPR activation is an
early event in neurodegeneration [235], but this needs more mechanistic studies.
A neuropathological characteristic associated with the disease is the progressive loss
of dopaminergic neurons in the pars compacta of the substantia nigra, which is the leading
cause of the movement disorder aspect. The reason behind the selective death of substantia
nigra pars compacta dopaminergic neurons in Parkinson’s disease has eluded scientists for
years. Several studies indicate a role of Ca2+ signaling in Parkinson’s disease pathogenesis
and some also link it to the selective neuron vulnerability [239,240]. The lacking intrinsic
Ca2+ buffering capacity of these neurons makes them vulnerable to high Ca2+ levels and
indicate that they might also be sensitive to ER stress [241]. ER and MAMs are important
in controlling the intracellular Ca2+ homeostasis. Alpha-synuclein has been shown to
disrupt the connection between the mitochondria and ER by binding to VAPB, which is
a protein that, together with PTPIP51, acts as scaffolds that link the organelles [227]. An
overexpression of familial and wild-type PD mutant alpha-synuclein disrupts the VAPB-
PTPIP51 connections between the organelles, which loosens ER-mitochondria connections.
This leads to a decreased level of Ca2+ exchange and ATP production in the neurons, which
can be fatal for the sensitive substantia nigra dopaminergic neurons.
Mutations in SNCA, the gene that produces alpha-synuclein, was the first mutation
linked to PD and has also been linked to the ER’s effect on the disease [242]. Studies
have shown that overexpression of alpha-synuclein inhibits COPII vesicle trafficking of
proteins between ER and Golgi apparatus [243,244]. This has also been shown to modulate
UPR, by inhibiting ATF6 production, as it uses COPII for the ER-Golgi transportation.
Mutations of MCTP2 gene is a risk factor for early onset PD development. Its potential role
in tubular ER formation indicates a possible pathological role of disrupted ER organization
in dopaminergic axons [191].
In the study by Domesick et al., [18] discussing the possible significance of differ-
ences in ER arrangement in the dopaminergic and non-dopaminergic neurons, the authors
suggest investigating the morphological basis of the functional and metabolically distin-
guished subcategories among different dopaminergic neurons. It would be interesting
to further explore differences in ER morphology between the DA neurons from different
regions in SN and VTA to understand their selective susceptibility to degeneration in PD.
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7. Concluding Remarks
The ER with its different structural functionally significant domains is integral to
the survival of a cell. Many membrane proteins are important for shaping these do-
mains [40,245,246]. There is now ample evidence that changes in neuronal ER morphology
affect many different functions of the ER which have been linked to neurodegeneration.
From the information available up to now, the most evident morphological alterations
hinted are in the case of ER contacts, especially of ER-mitochondria contacts [86,247]
wherein the ER at the contact sites is affected leading to aberrations in the functions that
these contacts normally facilitate. Barring the basic structural similarity, the type and
abundance of these contact sites are expected and, in some cases, already shown to be
variable even in cells of the same type under different conditions. It would thus be an
interesting approach to study the differences in region specific ER contact sites in different
neuronal subtypes to understand if such variations underlie the differential susceptibility
of specific neurons to degeneration, i.e., make some types of neurons more vulnerable to
degenerative changes. Here, we propose a systematic classification of the neurons based
on their ER morphology including organization and ER-organelle contacts, which could
serve as a useful resource to trace their varied susceptibility to neurodegenerative changes.
This is by no means an exhaustive resource of information hitherto available on ER
morphology and dynamics. Several excellent reviews have been published recently on ER
structure and function in normal and aberrant conditions in neurons and neurodegenerative
diseases, including comprehensive tables listing the tubular ER-related proteins, their
localizations and contacts [86,191,216]. Currently available data linking neurodegenerative
diseases with an underlying ER aberration suggest a prominent role of defective ER
shaping proteins. The actual consequence of these defects on the ER morphology needs to
be explored further. Presently available as well as future innovations in imaging techniques
and data analysis solutions have a significant role in such studies.
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